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Droplet interface bilayers (DIBs) are a powerful platform for studying the dynamics of synthetic cellular
membranes; however, very little has been done to exploit the unique dynamical features of DIBs. Here, we
generate microscale droplet interface bilayers (uDIBs) by bringing together femtoliter-volume water
droplets in a microfluidic oil channel, and characterize morphological changes of the uDIBs as the droplets
shrink due to evaporation. By varying the initial conditions of the system, we identify three distinct classes
of dynamic morphology. (1) Buckling and fission: when forming pDIBs using the lipid-out method (lipids in
oil phase), lipids in the shrinking monolayers continually pair together and slide into the bilayer to conserve
their mass. As the bilayer continues to grow, it becomes confined, buckles, and eventually fissions one or

more vesicles. (2) Uniform shrinking: when using the lipid-in method (lipids in water phase) to form uDIBs,
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(3) Stretching and unzipping: finally, when the droplets are pinned to the wall(s) of the microfluidic channel,
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1. Introduction

All biological membranes are composed of lipid bilayers as a
fundamental structural element with two opposing layers of
amphipathic lipid molecules. Cellular and intracellular
membranes in nature are dynamic systems, exhibiting continual
shape-change and even experiencing fusion and fission during
endo- and exocytosis." To better characterize the dynamics of
cellular membranes, synthetic lipid bilayers have been fabricated
in the form of vesicles® or planar bilayers.>* Synthetic lipid vesi-
cles exhibited budding, fusion, and fission when subjected to
osmotic pressure,”” interactions with biomolecules,*** or
wetting with interior aqueous compartments.”*** The
morphology change of supported planar bilayers was investi-
gated by straining the supporting interface'®'” or by introducing
additional biomolecules.”®?® Suspended planar membranes
formed across an aperture opened in a solid wall were perturbed
by an impinging fluid jet to fission giant vesicles.*
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separation. These findings offer a better understanding of the dynamics of coupled lipid interfaces.

In recent years, droplet interface bilayers (DIBs)* have shown
great potential as model membranes due to desirable features
including stability,*?’ ease of electrical characterization,**" and
the option to form asymmetric bilayers using the lipid-in
method.” DIBs can be formed by joining together two or more
aqueous droplets encapsulated with lipid monolayers in an oil
bath; the lipids can either be introduced in the oil phase (lipid-
out)** or inside the droplets (lipid-in).?® Most DIBs have been
assembled by manually connecting millimetric aqueous droplets
using a pipette,®**** electrodes,”?”**” or lasers.**** Alterna-
tively, a single aqueous volume can be divided into multiple
compartments and then attached together using a flexible
substrate.”®*® Microfluidic DIBs have also been fabricated using
dielectrophoresis,** electrowetting on dielectric (EWOD),*»** thin
tubes,** flow focusing,’® or 3D printing.”’ Recently, it has
become apparent that DIBs offer distinct advantages for dynamic
membrane characterization. For regular suspended membranes
(formed in apertures), the aperture size is fixed, preventing the
membrane from changing its size, while the area and thickness
of DIBs can be tuned by controlling the size and curvature of the
droplets.”® Another novel aspect of DIBs is the interplay between
the bilayer and the connecting monolayers, which is not present
in other model systems.”® However, most studies to date have
only focused on steady-state DIBs and very little has been done to
exploit their unique dynamical features.

In our previous work, we passively induced dramatic shape
changes into microscale DIBs via droplet evaporation to
examine how the monolayer-bilayer coupling affected the
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membrane dynamics.”® During evaporation, lipids in the
shrinking monolayers were forced to slide into the growing
bilayer, causing the bilayer to become confined, buckle, and
ultimately fission vesicles to mitigate its stress. This transfer of
lipids between multiple interfaces could shed light on lipid
interactions that naturally occur between vesicles and
membranes during endo- and exocytosis. The transfer of lipids
between various membranes is also of importance in engineered
systems. For example, supported lipid bilayers are fabricated by
transferring lipids from vesicles to a substrate; the kinetics of
such processes is only beginning to be understood.*** The rate
of lipid diffusion to an interface with a non-equilibrium lipid
concentration was found to be dependent on the curvature of the
interface® and on the length scale and flow field of the fluidic
system.”® Much remains to be understood regarding lipid trans-
fer between membranes, particularly for the case of DIBs where
multiple lipid interfaces are coupled together.

Here, we form microscale droplet interface bilayers (uDIBs) in
a microfluidic channel to characterize the dynamic morphologies
of the coupled monolayers and bilayer membranes during evap-
oration. Using both the lipid-in and lipid-out techniques to create
uDIBs from femtoliter-volume droplets, we identify three distinct
classes of lipid transfer during evaporation that are dependent
upon the initial conditions of the system. (1) Buckling and fission:
when the lipids are well dissolved in the continuous oil phase, the
energetic favorability of the formed bilayer coupled with droplet
evaporation causes a “conveyor-belt” effect, where lipids in the
shrinking monolayer interfaces pair together and slide into the
growing bilayer interface to conserve their mass. As the shrinking
monolayers continue to grow into the bilayer, the bilayer becomes
confined, buckles, and eventually fissions a satellite vesicle. While
this behavior was characterized in a recent communication for a
two droplet system,*® here we induce directional buckling and
fission for droplets of different sizes and observe multiple buck-
ling events for droplet networks composed of several uDIBs. (2)
Uniform shrinking: when the lipid-in approach is used to
generate vesicles inside of the water droplets, lipids favor trans-
ferring from both the monolayers and the bilayer into the inner
vesicles. This lipid transfer occurs at a fairly even rate, resulting in
the uniform shrinkage of the droplets with no net change in
shape. (3) Stretching and unzipping: when at least one of the
droplets is pinned to a wall of the microfluidic device, the drop-
lets become stretched during evaporation. This eventually pulls
apart the bilayer, resulting in the complete detachment and
separation of the droplets. Interestingly, a unique form of lipid
dynamics was observed for pinned droplets: lipids transferred
from the shrinking droplets to satellite droplets that nucleated
and grew about the parent droplet's interface. To our knowledge,
classes (2) and (3) of lipid transfer are novel and have not been
previously reported. These findings can lead to a better under-
standing of the dynamic morphology of coupled lipid interfaces.

2. Experimental

2.1. Fabrication of microfluidic devices

Poly(dimethylsiloxane) (PDMS) was patterned and bonded to
PDMS-coated glass cover slips to construct microfluidic devices.
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Two opposing side-channels (1 pm x 1 um) were connected to
either side of a larger central channel (14.6 pm wide x 18 um
high). The fabrication methodology was described in detail in
previous papers.>”*®

2.2. Preparation of lipid-oil mixtures

The oils employed here included purified soybean oil and hex-
adecane (Sigma-Aldrich). The soybean oil was purified by gravity
filtration through a column packed with a 1 : 1 mixture of flu-
orisil and silica gel (100-200 mesh, Sigma-Aldrich). This served
to remove surface-active contaminants (e.g. monoglycerides),
such that the equilibrium interfacial tension at the oil-water
interface matched the reported value for purified soybean oil in
the literature (y = 31 mN m™').” We also measured the surface
tension of the oil-water interface with 2 mM DOPC dissolved in
the oil-phase: y = 15.9 + 0.3 mN m™'.*® These measurements
indicate that the purified soybean oil contains negligible
amphiphiles, such that the DOPC lipids are the dominant
surfactant at the oil-water interface. 1,2-dioleoyl-sn-glycero-3-
phosphocholine dissolved in chloroform (DOPC, Avanti Polar
Lipids, 850375C) was dried under a gentle inert gas flow (1 h,
room temperature) and further dried under vacuum (2 h, room
temperature). The dried lipids were then dissolved in oil by
shaking overnight (2 mM, 37 °C, 250 rpm). When using fluo-
rescent imaging, 1,2-dipalmitoyl-sn-glycero-3-phosphoethanol-
amine-N-(lissamine rhodamine B sulfonyl) (ammonium salt)
(DOPC, Avanti Polar Lipids, 810158C) (0.1 mol%) was added to
the DOPC before dissolving in oil.

2.3. Preparation of lipid-water mixtures

The lipid-water mixture preparation method was similar to the
lipid-oil mixture preparation, except for the following steps.
The dried lipids were dissolved in deionized water instead of oil.
To prepare unilamellar liposomal suspensions with a low
polydispersity, the modified protocol from the Large, Uni-
lamellar Vesicles by Extrusion (LUVET) technique (Avanti Polar
Lipids) was used. The hydrated lipid suspension was subjected
to 4 freeze/thaw cycles by alternately placing the mixture vial
inside (—20 °C) and outside (room temperature) of a freezer to
increase the entrapment efficiency of water-soluble compounds.
Once the mixture was completely hydrated, it was then extruded
with 0.1 um pore size membranes to obtain the unilamellar
liposomal suspensions. The lipid suspension was kept above
the phase transition temperature of the lipid during hydration
and extrusion.

2.4. nDIB formation (in microfluidic device)

The lipid-in and lipid-out methods were alternatively used to
form microscale droplet interface bilayers (uDIBs) by joining
femtoliter-volume droplets submerged in oil under a constant
temperature (25 °C). Using the previously described micro-
fluidic device, the two side-channels were filled with water while
the central channel was filled with oil. The water droplets were
generated by an abrupt change in height from the side channels
to the larger central channel, resulting in shape induced pinch-
off upon application of timed pressure pulses to the opposing
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side channels.”” The droplets were then joined together in the
central oil channel to form pDIBs upon contact. The micro-
fluidic device facilitates the rapid assembly of the droplets with
a well-defined time zero.>® When using the lipid-out method,
the lipids were dissolved in the central oil channel. For the lipid-
in method, the lipids were in the water channels.

In both cases, after the lipid monolayer droplets were formed
in the central oil channel, the central channel was pressurized
to bring the droplets into a larger outlet reservoir. This served to
minimize wetting and to prevent side-wall effects. Once the
droplets had joined together to form a uDIB, the oil flow was
stopped to observe the droplets evaporate over time. A CCD
camera (CoolSNAP HQ from Roper Scientific and Evolve™ 512
Delta from Photometrics) connected to an inverted optical
microscope (Eclipse TE 300, Nikon Instruments) with a 100x
oil-immersion objective was employed to acquire bright-field
and fluorescent imaging. All experiments were performed in a
microscope cage incubator (Okolab H201) to maintain a
constant temperature of 25 °C.

2.5. pDIB formation (on glass substrate)

In another approach, a system consisting of a commercially
available microinjector (Femtojet, Eppendorf) and a motorized
micromanipulator (SM325, World Precision Instruments, Inc.)
was used to dispense microscale water droplets (D = 50 pm) in
a thin oil lens on a glass coverslip. The microinjector consists of
a pressure pump that can apply a controlled pressure (0-600
kPa) on the fluid contained in a glass micropipette (Femtotip II,
Eppendorf) with a tip diameter of 0.5 pm. In this non-micro-
fluidic approach, pDIBs were formed by the following proce-
dure: 22 mm x 22 mm coverglasses (Fisher Scientific) were
silanized using a standard silanizing procedure to prevent
wetting. A 40 pL oil lens containing 2 mg mL™" (=2.36 mM)
DOPC was manually pipetted on the glass after mildly rinsing
the silanized coverglass with DI water. The height of the oil lens
on the glass was between 200 and 350 pm. After pre-filling the
glass pipette with deionized water, the tip of the pipette was
positioned under the oil lens such that it touches the coverglass
surface at an angle less than 45° to prevent damaging the tip.
The position of the pipette tip was viewed using an inverted
microscope (Olympus, IX51). Droplets were dispensed by gently
dragging the pipette tip across the glass while applying a
constant pressure using the microinjector; the dragging motion
facilitates droplet breakoff and helps dictate the size of the
dispensed aqueous droplet. Once the droplets were dispensed,
they were connected to form pDIBs using the pipette tip. The
measured droplet-shrinking rate (120-500 um® min~"') depends
on the volume of oil surrounding the droplets and is different
from the rate measured in the microfluidic device.

3. Results and discussion

By using both the lipid-in and lipid-out methods to form pDIBs
from femtoliter-volume water droplets, three different initial
conditions were obtained for lipid distribution in the system:
lipids dissolved evenly in the oil phase (lipid-out in soybean oil),
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vesicles inside of the water droplets (lipid-in), and lipid
agglomerates in the oil (lipid-out in hexadecane). The lipid used
for all experiments was 1,2-dioleoyl-sn-glycero-3-phosphocho-
line (DOPC, Avanti Polar Lipids, 850375C), selected for its low
transition temperature of —20 °C to ensure that the lipids are in
the liquid phase at room temperature. Experiments carried out
in dry poly(dimethylsiloxane) (PDMS) microfluidic device
resulted in a shrinkage rate of ~100 pm> min~" for pure water
droplets,* resulting in pDIB lifetimes of only 3-5 min for
droplets with initial diameters of 5-10 um due to their large
surface area to volume ratio (~1 pm™"). Droplet shrinkage was
driven by the osmotic pressure difference in the dry PDMS
device, such that water molecules partitioned into the oil phase
and pervaporated through the permeable PDMS walls.®® For
simplicity, we will use the term evaporation when describing
this process of droplet shrinkage. As the droplets evaporated,
the dynamics of lipid transfer between the membrane interfaces
was observed and characterized into three different classes
depending on the initial conditions, as described below.

3.1. Class 1: buckling and fission

The lipid-out method, with DOPC dissolved in purified soybean
oil, was used to form pDIBs (Fig. 1). Due to the energetic
favorability of the formed bilayer, the bilayer did not shrink
during evaporation. The preferential shrinkage of the mono-
layer interfaces resulted in a “conveyor-belt” effect during
droplet evaporation, where lipids in the shrinking monolayers
continually paired together and transferred into the growing
bilayer to conserve their mass.

A non-dimensional parameter, A*, can be used to compare
the surface areas of the lipid monolayers versus the lipid bilayer
over time,

24y

AF T
Am-r + Am-l

(1)
where Ay, A, and A, are the measured interfacial areas of the
bilayer, right droplet monolayer, and left droplet monolayer,
respectively. The areas were extrapolated from measurements of
the bilayer diameter and droplet diameters when focusing on
the maximal cross-section of the droplets. The transfer of lipids
from the monolayers to the bilayer is quantitatively depicted in
Fig. 2, where A* continuously increased from A* = 0.3 to A* =
0.5 during evaporation. The continued growth of the bilayer
resulted in three distinct regimes during evaporation which are
outlined below.

3.1.1. Regime 1: shape-change. As both droplets evapo-
rated, the monolayer interfaces changed shape to assume the
most energetically favorable configuration: a single spherical
droplet partitioned into two hemi-spheres by the lipid bilayer
(Fig. 1). The bilayer interfacial area did not remain constant
during evaporation, but actually increased from 4, = 42 pm? to
Ap = 57 um?® as the droplets evaporated and changed shape
(Fig. 2). Bilayer growth was fuelled by the shrinkage of the
monolayer interfaces, which forced lipids in the monolayers to
pair together and slide into the bilayer. The average surface area
lost by the monolayers during the shape-change was

This journal is © The Royal Society of Chemistry 2014
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Class 1: Buckling and Fission

. Evaporating DIB

1) Shape-Change

N 2) Buckling

Fig. 1 (a) Schematic and (b) fluorescent imaging of an evaporating
uDIB experiencing buckling and fission (Section 3.1). The lipid-out
technique was used to dissolve DOPC lipids in soybean oil. During
droplet evaporation, lipids transferred from the monolayers to the
bilayer, resulting in bilayer confinement, buckling, and fission. See
Movie M1 in ESIL
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Fig.2 Evolution of the surface areas of the monolayers and bilayer for
an evaporating uDIB system experiencing buckling and fission (cor-
responding to Fig. 1b). The ratio of bilayer area to monolayer area (A*)
steadily increases during evaporation, resulting in bilayer buckling.

approximately 34 um? each, about twice as large as the inter-
facial area gained by the bilayer (~15 pm?) (Fig. 2). This
imperfect conservation of mass suggests either an increase in
the packing density of the lipids, desorption of some monolayer
lipids back into the 0il,*® or the formation of nanoscale protu-
berances which could not be optically resolved.'”** It is
currently unclear whether the monolayer or bilayer surface
tensions are changing during evaporation; in the future, it is
possible that a microtensiometer apparatus could probe the
dynamic changes in membrane surface tensions.*>*
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In addition to forming a single puDIB between a pair of
droplets, multiple pDIBs were formed using a 3-droplet cluster
configuration, a 5-droplet cluster, or a 10-droplet chain. For the
3-droplet cluster, the system still evaporated into the shape of a
single sphere, but now the interior was partitioned into three
equivalent compartments by three bilayers (Fig. 3a). Similarly,
the 5-droplet cluster evaporated into a sphere with five
compartments (Fig. 3b). In contrast, the droplets in the chain
configuration could not morph into a single spherical shape
because of the intermediate bilayers, which would have to be
ruptured to bring all of the droplets together. Therefore, the
droplets preferred to longitudinally shrink from both ends
toward the center of the chain (Fig. 3c).

3.1.2. Regime 2: bilayer buckling. Once the droplets
evolved into the shape of a single spherical droplet, the system
retained this spherical configuration for the duration of
evaporation. This is due to the spherical shape corresponding
to the energetic minimum of the system.*® The fixed spherical
shape causes the encapsulated bilayer to become confined as
it continues to grow inside of the shrinking sphere. Because
the lipid bilayer is relatively incompressible compared to its
low bending stiffness,**** the confined bilayer is forced to
buckle with an increasingly curved shape as it continues to
grow (Fig. 1b). Area measurements in Fig. 2 were only
obtained for the shape-change regime, as the curvature of the

Fig. 3 Fluorescent imaging of evaporating uDIB networks experi-
encing buckling: (a) 3-droplet cluster, (b) 5-droplet cluster and (c) 10-
droplet chain. Aside from the increased number of water droplets
brought together, the experimental conditions were identical to those
used in Fig. 1b. See Movies M2-M4 in ESL.{
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buckling bilayer makes it difficult to accurately estimate its
surface area.

For the 3-droplet and 5-droplet clusters, all bilayers buckled
in tandem as they became confined inside of the sphere
(Fig. 3a). In contrast, the bilayers in the chain network prefer-
entially grew and buckled at the ends of the chain (Fig. 3c). This
is due to the interfacial area of the monolayers being greater at
the ends of the chain, resulting in enhanced evaporation and
shape-change compared to the middle of the chain. As evapo-
ration continued, lipid bilayers in the middle of the chain also
became confined, buckling in a chain reaction that propagated
from the ends of the chain.

3.1.3. Regime 3: fission/recovery. The confined bilayer
became increasingly buckled until reaching a critical radius of
curvature, at which point the bilayer fissioned a lipid vesicle
approximately 2 pm in diameter into one of the hemi-spherical
droplets (Fig. 1b). This loss of lipid mass restored the bilayer to
a more planar configuration, thereby mitigating its bending
stress. As the puDIB system continued to shrink, the bilayer
became buckled again, cycling through the buckling and
fission/recovery regimes until all water content in the droplets
had evaporated (see Movie M1 in ESI}). It was observed that
when droplets had different sizes, the shape-change during
evaporation was asymmetric, causing the bilayer to preferen-
tially buckle and fission toward the compartment correspond-
ing to the larger droplet (Fig. 1b). This directional buckling and
fission is caused by the differing radii of curvature between
droplets of different sizes, which creates a greater Laplace
pressure in the smaller droplet.

For droplet clusters and chains, fission could not be
observed due to the buckling bilayers contacting adjacent
monolayers and/or bilayers before reaching the critical radius of
curvature (Fig. 3). However, this scenario apparently serves as
an alternative strategy for mitigating bilayer stress. As the
buckling bilayer contacts another interface, budding occurs,
which creates new interfacial area to manage stress.

3.2. Class 2: uniform shrinking

When forming DIBs with the lipid-in method, the lipids are
dispersed in the aqueous phase instead of in the oil phase.”
Here, DOPC lipids were mixed in the water to create uDIBs.
Hexadecane was used as the continuous oil phase, as it was
observed that soybean oil often resulted in droplet coalescence
instead of uDIB formation when using the lipid-in method. The
lipid-in method results in lipid vesicles distributed within the
water droplets, which can be observed by fluorescently labelling
the lipids (Fig. 4b). Unlike the “buckling and fission” class, where
loss of monolayer interfacial area was compensated by a growing
bilayer area, all interfaces were observed to shrink over time
(Fig. 4). During evaporation, the monolayer interfaces shrunk at
an equivalent rate of Apy = Apr = —1.1 pm? s, while the
droplet interface bilayer decreased by A, =~ —0.23 ym? s *
(Fig. 5). The ratio of bilayer area to monolayer area (4*, see eqn
(1)) remained constant throughout the lifetime of the droplets
(Fig. 5), preserving the original shape of the droplets. Both
droplets continued to shrink uniformly until all of the water had
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Class 2: Shrinking

Fig. 4 (a) Schematic and (b) fluorescent imaging of an evaporating
uDIB experiencing uniform shrinkage (Section 3.2). The lipid-in tech-
nique was employed, such that the water droplets contained vesicles
of DOPC lipids. During evaporation, lipids transferred from the
monolayers and bilayer to the vesicles, resulting in the uniform
shrinkage of the droplets. See Movie M5 in ESI.{

o
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lipids

evaporated, without any indication of shape-change, buckling, or
fission (Fig. 4). A 5-droplet cluster of droplets was also observed to
shrink uniformly during evaporation (Fig. 6).

Considering the favorable hydrophobic interactions between
the tail groups of a lipid bilayer, the observed shrinkage of the
bilayer over time is somewhat surprising. One possible expla-
nation for the shrinking bilayer is surface tension. The equi-
librium contact angle of a droplet interface bilayer (6,) is
governed by a balance of the surface tension vectors at the
droplet-droplet contact line:*®

0
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Fig. 5 Evolution of the surface areas of the monolayers and bilayer for
a uniformly shrinking uDIB system (corresponding to Fig. 4b). The ratio
of bilayer area to monolayer area (A*) was constant throughout
evaporation, preserving the system’s shape and equilibrium contact
angle.
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Fig. 6 Using the lipid-in technique, a 5-droplet cluster exhibited
uniform shrinking similar to the 2-droplet example (Fig. 4b). This
indicates that pDIBs systems containing vesicles in the water droplets
are able to shrink uniformly regardless of their initial shape. See Movie
M6 in ESL

where v, and v}, correspond to the surface tensions of the
monolayers and bilayer, respectively.

The contact angle is related to the bilayer diameter (D},) and
droplet height (H) by 6, = 27 — 4 tan™'(2H/Dy,), where H extends
from the bilayer to the opposing monolayer interface (Fig. 1a).
In other words, the ratio 2H/Dy, must remain constant over time
to maintain the value of 6}, corresponding to equilibrium. A
constant ratio of 2H/D, = 1.8 + 0.2 is measured throughout
droplet evaporation, with the uncertainty corresponding to a
95% confidence interval. This proportional shrinkage of the
monolayer and bilayer interfaces indicates that the surface
tension vectors at the contact line remain balanced throughout
evaporation.

The lipid-in approach to forming uDIBs enables lipids to
transfer from both the monolayers and the bilayer to adjacent
vesicles located inside of the water droplets. Since the vesicles
are always hydrated by a surrounding water droplet, they can
accommodate additional lipids without becoming stressed. In
contrast to lipid-out uDIBs, where the bilayer managed its stress
via buckling and fission, lipid-in pDIBs seem to manage their
stress via lipid transfer to vesicles to completely avoid buckling
or fission events.

3.3. Class 3: stretching and unzipping

When the lipid-out method was employed to generate pDIBs in
a DOPC/hexadecane bath, microscale clusters of lipid agglom-
erates were observed throughout the hexadecane.® This was in
contrast to using the lipid-out method with soybean oil, where
the lipids dissolved more evenly in the oil (Section 3.1). The
presence of these lipid agglomerates affected the wettability and
dynamic morphology of the pDIB system during evaporation.
During evaporation, the right droplet's monolayer interface
was observed to shrink at a rate of approximately A, = —3.3
um? s~ 1, faster than the A,,; = —2.6 um? s~ evaporation rate of
the left droplet. The accelerated evaporation of the right droplet
was correlated with a higher concentration of lipid agglomer-
ates that visibly clustered around the right droplet (Fig. 7). Over
multiple trials, it was consistently observed that droplet
shrinkage was always accelerated wherever agglomerates were
most concentrated at a droplet interface. In some cases, the
evaporation rate of one droplet could be over three times faster
than its partner due to the inhomogeneous distribution of lipid
agglomerates (Fig. S1t). Even for the case of two isolated
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Class 3: Stretching and Unzipping

+ Initial reverse Reverse micelles condense
micelles water to transform into
satellite droplets

Fig. 7 (a) Schematic and (b) bright-field imaging of a uDIB exhibiting
stretching and unzipping during evaporation (Section 3.3). Using the
lipid-out approach with DOPC and hexadecane, microscale agglom-
erates of lipids were visible in the oil. These agglomerates caused
droplet pinning at a PDMS wall, resulting in the stretching and sepa-
ration of the droplets. During evaporation, the water droplets hydrated
adjacent lipid agglomerates, and lipids were transferred from the
parent droplets to the condensing satellite droplets. See Movie M7 in
ESL+

droplets, where no bilayer was present, the droplet that was
adjacent to a cluster of agglomerates was observed to evaporate
four times faster than a nearby droplet that was not in contact
with any agglomerates (Fig. S21). Therefore, it can be concluded
that the lipid agglomerates serve to locally accelerate the rate of
water evaporation. This is most likely due to the reverse micellar
configuration of lipids in oil, which thermodynamically favor
the condensation of water at the center of the reverse micelle
where the hydrophilic heads groups congregate.

The average area loss in the monolayers was ~160 pm?®
(=141 pum? for the left droplet and =180 pum?® for the right
droplet) and the area lost from the bilayer was =85 um? (Fig. 8).
Assuming that the lipid concentration at the interfaces was
initially close to equilibrium, the shrinkage of every lipid
interface in the pDIB system mandates the desorption/transfer
of some of the lipids away from the droplets.®® From the
observation that the agglomerates of reverse micelles serve to
enhance the evaporation rate of the droplets, it can be assumed
that the reverse micelles are becoming hydrated by the droplets
over time. The hydration of a reverse micelle would swell its
interface to accommodate lipid transfer from the shrinking
monolayer interfaces of the pDIB system. In other words, the
shrinkage of the original droplet interfaces is balanced by the
nucleation and growth of satellite droplets, with lipids trans-
ferring from the former to the latter to conserve their mass (as
illustrated in Fig. 7a).

The unzipping of the bilayer was completed well before the
droplets finished evaporating (4* — 0), resulting in the
complete separation of the droplets (Fig. 8). This is in contrast
to the “uniform shrinking” class (Section 3.2), where the
shrinkage rate of the bilayer was proportional to that of
the monolayers (constant A*). The complete unzipping of the
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Fig. 8 Evolution of the surface areas of the monolayers and bilayer for
an evaporating uDIB system experiencing stretching and unzipping
(corresponding to Fig. 7b). The preferential unzipping of the bilayer is
represented by the surface area ratio A* decreasing to zero.

bilayer was attributed to wettability effects, as the droplets were
observed to pin onto agglomerates that were stuck to a wall of
the PDMS channel. As the droplets evaporated, pinning effects
prevented them from freely reconfiguring their center of mass,
such that they eventually became stretched and pulled the
bilayer apart. The strong pinning of a droplet due to adjacent
agglomerates was well evidenced by the droplet's increasingly
non-circular footprint during evaporation. Even after separa-
tion, the contact line of a pinned droplet was non-circular, and
the remaining water volume was rapidly collected by the adja-
cent lipid agglomerates. This behavior was also observed for
chains and clusters of pinned droplets, where droplets closest
to the agglomerates were the first to stretch and unzip from the
group of droplets (Fig. S37).

Unlike the DOPC/hexadecane mixture, where microscale
clusters of lipid agglomerates formed in the oil phase and
facilitated the pinning of droplets onto a channel wall, the
DOPC/soybean oil mixture had no visible lipid agglomerates.
Even when water droplets immersed in soybean oil were visibly
wetting a wall of the channel, the droplets’ contact lines were
able to recede along the wall during evaporation to prevent any
stretching or unzipping (Fig. S4t). Therefore, it is likely that the
agglomerates present in the hexadecane serve to enhance
droplet wettability on a wall(s), resulting in the strong pinning
of the droplet's contact line. This indicates that wetting alone is
not a sufficient condition for stretching and unzipping to occur;
the wetted contact line must be pinned to the surface.

To determine whether the large (microscale) agglomerates of
lipids visible in the hexadecane were necessary for the satellite
droplets to form, another batch of DOPC/hexadecane was
mixed, this time with no visible agglomerates. To enhance the
optical characterization of the uDIB system, a microinjector was
used to deposit water droplets inside of an oil lens instead of
using the microfluidic device. The oil lens was resting on a
silanized glass substrate to facilitate bottom-up microscopy,
and the droplet diameter was increased by an order of
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magnitude compared to the microfluidic droplets (=50 pm
instead of =5 pm) to improve the image quality. At time zero,
the pDIB system was free of any visible lipid agglomerates or
satellite droplets. However, as the droplets evaporated,
hundreds of satellite droplets nucleated and grew at the
monolayer interface of both droplets (Fig. 9). This confirms that
water droplets serve to hydrate reverse micelles located nearby
in the oil phase, even when the reverse micelles are well
distributed and too small to be visible. The initial nucleation of
a satellite droplet serves to hydrate the hydrophilic head groups
of lipids in a reverse micelle, while the subsequent growth of the
satellite droplet serves to accommodate additional lipids from
the evaporating parent droplet.

While the presence of a bilayer between a satellite droplet
and the parent droplet could not be visually resolved, it seems
more likely than the alternate possibility of budding for the
following reasons:

(1) The growth of the satellite droplets corresponds to an
accelerated evaporation rate for the parent droplet (see
Fig. S2t). Budding effects would be independent of such phase-
change behavior, but satellite droplets would indeed require
water vapor to partition from the parent droplet into the oil
phase.

(2) Unlike bilayer budding that can occur on the surface of a
vesicle/cell, the surfaces of our droplets are composed of lipid
monolayers. While lipid monolayers can collapse due to
compression (loss of tension) at both air-water interfaces®**
and oil-water interfaces,® the collapsing lipid monolayers eject
lipids into the polar aqueous phase rather than the non-polar
phase. Thus, we'd expect collapsing lipid monolayers during
droplet shrinkage to eject lipid material back into the droplet
interior instead of the surrounding oil.

(3) Satellite droplets exhibit a strong resistance to coales-
cence, merging together only after very tight packing (see Fig. 9).
This aversion to coalescence would not be expected for
budding, as adjacent buds would minimize their surface energy
by merging together. Satellite droplets, on the other hand,
would require the disruption of their separate bilayers which
could provide an energy barrier to merging.

To our knowledge, the nucleation of satellite droplets about
the interface of a water droplet evaporating in a lipid-oil bath is

0 min 5 min 10 min 15 min 20 min

8888

Fig. 9 Bright-field imaging of a pDIB system condensing satellite
droplets about the droplet interfaces. Reserve micelles in the oil
nucleate water to hydrate their hydrophilic head groups, and these
satellite droplets grow over time to accommodate lipids from the
shrinking parent droplet. Each satellite droplet forms a tiny uDIB with
its parent droplet; these satellite droplets are free to migrate about the
parent droplet’s interface. Multiple satellite droplets can even coalesce
together, as indicated by the yellow circle. See Movie M13 in ESI.{
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a novel phenomenon that merits a brief discussion. While
previous reports have characterized water confined inside of
DOPC reverse micelles,*>” the hydration was caused by pre-
existing water emulsions mixed uniformly into the oil, rather
than by condensation from a nearby water droplet. For the
results observed in Fig. 9, it should be noted that each satellite
droplet is actually forming a new uDIB with its parent droplet,
since both the original droplet and the satellite droplets exhibit
lipid monolayers at their interfaces. This reveals that water
evaporation and condensation can be a passive technique for
generating both hydrated reverse micelles and droplet interface
bilayers.

4. Conclusion

In conclusion, the dynamic morphology of evaporating uDIBs is
dependent upon the initial distribution of lipids in the system
and the wettability of the droplets. In the absence of lipid
agglomerates or droplet pinning, lipids transfer from the
monolayers to the bilayer during evaporation, culminating in
the buckling and fission of the bilayer to mitigate its stress.
When lipid vesicles are contained inside the water droplets, the
monolayers and bilayer shrink uniformly to preserve the equi-
librium contact angle of the system. When the droplets are
pinned to a solid interface, the droplets become stretched and
the bilayer breaks apart, resulting in the complete separation of
the droplets. Evaporating water droplets can also generate
entirely new uDIBs by hydrating reverse micelles to transform
them into satellite droplets. This work reveals that the dynamic
behavior of lipid interfaces can be widely varied by tuning the
initial conditions of the system. Droplet interface bilayers show
great potential as a tool for characterizing lipid transfer between
interfaces, which could lead to a better understanding of
natural phenomena such as endo- and exocytosis in cells.
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